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Abstract
Salt marshes sequester carbon at rates more than an order of magnitude greater 
than their terrestrial counterparts, helping to mitigate climate change. As nitrogen 
loading to coastal waters continues, primarily in the form of nitrate, it is unclear what 
effect it will have on carbon storage capacity of these highly productive systems. This 
uncertainty is largely driven by the dual role nitrate can play in biological processes, 
where it can serve as a nutrient‐stimulating primary production or a thermodynami‐
cally favorable electron acceptor fueling heterotrophic metabolism. Here, we used a 
controlled flow‐through reactor experiment to test the role of nitrate as an electron 
acceptor, and its effect on organic matter decomposition and the associated micro‐
bial community in salt marsh sediments. Organic matter decomposition significantly 
increased in response to nitrate, even at sediment depths typically considered re‐
sistant to decomposition. The use of isotope tracers suggests that this pattern was 
largely driven by stimulated denitrification. Nitrate addition also significantly altered 
the microbial community and decreased alpha diversity, selecting for taxa belonging 
to groups known to reduce nitrate and oxidize more complex forms of organic mat‐
ter. Fourier Transform‐Infrared Spectroscopy further supported these results, sug‐
gesting that nitrate facilitated decomposition of complex organic matter compounds 
into more bioavailable forms. Taken together, these results suggest the existence of 
organic matter pools that only become accessible with nitrate and would otherwise 
remain stabilized in the sediment. The existence of such pools could have important 
implications for carbon storage, since greater decomposition rates as N loading in‐
creases may result in less overall burial of organic‐rich sediment. Given the extent of 
nitrogen loading along our coastlines, it is imperative that we better understand the 
resilience of salt marsh systems to nutrient enrichment, especially if we hope to rely 
on salt marshes, and other blue carbon systems, for long‐term carbon storage.
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1  | INTRODUC TION

Carbon dioxide (CO2) concentrations continue to rise as a result of 
fossil fuel burning and land‐use changes, thereby contributing to 
increases in global temperature, ocean acidification, and sea level 
rise. While a number of carbon capture strategies have been pro‐
posed, recent mitigation effort has focused on sequestering CO2 
in blue carbon habitats (Dargusch & Thomas, 2012), which include 
salt marshes, mangroves, and seagrass meadows (Mcleod et al., 
2011; Nelleman et al., 2009). Salt marshes are particularly effi‐
cient at storing carbon due to high levels of primary production, 
the ability to trap organic rich sediments (Chmura et al., 2003), 
and low rates of microbial decomposition due to largely anaerobic 
conditions below the first few millimeters of the surface (Reddy 
& Patrick Jr., 1975). They can bury carbon at rates more than an 
order of magnitude greater than that of their terrestrial counter‐
parts, over timescales of thousands of years (Duarte, Middelburg, 
& Caraco, 2005; Mcleod et al., 2011). As such, they have become a 
major focus of coastal restoration projects (Macreadie et al., 2017; 
Warren et al., 2002).

Salt marshes face several anthropogenically driven threats that 
can diminish, and potentially reverse, their capacity to store carbon. 
Here, we focus on the role of coastal nitrogen (N) inputs, which con‐
tinue to increase in many systems due to fertilizer production, agri‐
cultural and urban runoff, enriched groundwater, and atmospheric 
deposition (Galloway, Leach, Erisman, & Bleeker, 2017). While salt 
marshes can remove some of this anthropogenic N before entry into 
the coastal ocean, either by assimilation into plant biomass (Valiela & 
Teal, 1974) or conversion to gaseous products (NO, N2, N2O) via de‐
nitrification or anammox (Hopkinson & Giblin, 2008; Kaplan, Valiela, 
& Teal, 1979; Koop‐Jakobsen & Giblin, 2009), it is unclear how much 
N loading salt marshes can withstand without having negative im‐
plications for carbon storage. Other processes, such as dissimilatory 
nitrate reduction to ammonium (DNRA), also compete for NO

−

3
 in 

anoxic marsh sediments (Brunet & Garcia‐Gil, 1996); however, this 
form of NO

−

3
 reduction results in retention as NH

+

4
 rather than re‐

moval as N2 gas.
In general, salt marshes are considered more resilient to N load‐

ing when compared to other coastal systems because of their ability 
to efficiently remove N (Valiela & Cole, 2002). There is considerable 
evidence that nutrient enrichment stimulates aboveground primary 
production (Kaplan et al., 1979; Logan, 2018; Morris, Sundareshwar, 
Nietch, Kjerfve, & Cahoon, 2002; Vivanco, Irvine, & Martiny, 2015),  
which facilitates sediment trapping and marsh accretion (Morris et al.,  
2002) and augments the carbon sink potential by adding biomass.  
Other studies have also observed increased belowground produc‐
tion in response to elevated N (Pastore, Megonigal, & Langley, 2017). 
In some systems, however, responses to N enrichment diminished 
carbon storage capacity. These responses include lost root biomass, 
increased belowground microbial respiration, and changes in spe‐
cies composition, all of which can result in lower sediment stability 
and potential marsh collapse (Deegan et al., 2012; Langley, Mozdzer, 
Shepard, Hagerty, & Megonigal, 2013; Wigand, Brennan, Stolt, Holt, 

& Ryba, 2009). Due to these complexities, the direction of the re‐
sponse of the marsh carbon storage capacity to increased N loading 
remains unclear.

One plausible explanation for conflicting observations among 
marsh fertilization experiments may be the form of N that is applied. 
Many studies cover small spatial scales and apply N in its reduced 
form, ammonium (NH

+

4
) or urea, although some use a mix of oxidized 

and reduced forms, ammonium nitrate (NH4NO3). In contrast, much 
of the N delivered to the coastal zone occurs in its oxidized form, 
nitrate (NO

−

3
; Galloway et al., 2008). In addition to supporting pri‐

mary production through assimilation by marsh vegetation, benthic 
microalgae, and phytoplankton, NO

−

3
 can serve as a thermodynam‐

ically favorable electron acceptor to fuel microbial oxidation of or‐
ganic matter (OM) through various anaerobic respiration processes, 
including denitrification (Hamersley & Howes, 2005; Kaplan et al., 
1979) and DNRA (Giblin et al., 2013; Thamdrup & Dalsgaard, 2002). 
Sulfate (SO2−

4
) is another important electron acceptor in salt marsh 

sediments, accounting for up to 70%–90% of total sediment respi‐
ration (Howarth, 1984; Howarth & Teal, 1979) due to its virtually 
unlimited supply from incoming seawater. However, these two elec‐
tron acceptors are different thermodynamically in that reducing 
NO

−

3
 releases more free energy (ΔG°H2  =  −420  kJ) than reducing 

SO
2−

4
 (ΔG°H2 = −98.9 kJ; Canfield, Thamdrup, & Kristensen, 2005). 

Increased NO
−

3
 availability, which is typically limiting in coastal sys‐

tems (Ryther & Dunstan, 1971), may therefore affect the microor‐
ganisms using these electron acceptors, and consequently alter the 
ecosystem functions they mediate.

The mechanisms by which this change in function could occur 
include: (a) a shift in total microbial community structure to an alter‐
native state better fit for a high NO

−

3
 environment through changes 

in electron acceptor availability and competitive exclusion, (b) alter‐
ation of metabolic capacity of the existing microbial community to N‐
cycling metabolisms due to high physiological plasticity, or (c) some 
combination of the two (Allison & Martiny, 2008; Meyer, Lipson, 
Martin, Schadt, & Schmidt, 2004; Shade et al., 2012). Regardless of 
the mechanism, prior studies in salt marsh systems suggest func‐
tional responses to NO

−

3
 do occur through increases in microbial 

respiration (Deegan et al., 2012), stimulated rates of denitrification 
(Koop‐Jakobsen & Giblin, 2010), and changes to the active bacterial 
community (Kearns et al., 2016), including  through enrichment of 
nitrous oxide–related genes (Angell et al., 2018; Graves et al., 2016).

These responses are important because NO
−

3
 reducers, as well 

as other microbes adapted to high N environments, may oxidize 
complex forms of OM as a result of greater energy yield from NO

−

3
 

reduction (Beauchamp, Trevors, & Paul, 1989) or from increased 
production of extracellular enzymes responsible for catalysis and 
breakdown of complex compounds (Allison, Weintraub, Gartner, & 
Waldrop, 2010; Treseder, Kivlin, & Hawkes, 2011) when compared 
to SO2−

4
 reducers, a group largely limited to simple compounds 

such as H2 and acetate (Achtnich, Bak, & Conrad, 1995). As a re‐
sult, greater NO

−

3
 availability may affect the biological accessibil‐

ity of OM by alleviating restrictions to microbial degradation of 
particular substances. Microbes that reduce NO

−

3
 may also simply 
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outcompete other microbes for available electron donors by ex‐
ploiting the high redox potential (Froelich et al., 1979; Zehnder 
& Stumm, 1988), resulting in decreased taxonomic diversity and 
altered function. Considering the fundamental role microbes play 
in carbon decomposition, and more indirectly, long‐term carbon 
storage (Benner, Newell, Maccubbin, & Hodsin, 1984; Falkowski, 
Fenchel, & Delong, 2008), it is essential to tease apart which of 
these mechanisms controls microbial and ecosystem response to 
NO

−

3
 addition, as changes in the microbial community may result in 

the decomposition of OM that would otherwise remain stabilized 
in the sediment.

To better quantify the role of marshes in long‐term carbon 
storage, it is critical to understand how these systems respond 
to increasing NO

−

3
 concentrations. In this study, we investigated 

whether NO
−

3
 addition increases the decomposition of salt marsh 

OM. To explicitly address this question, we implemented a con‐
trolled flow‐through reactor (FTR) experiment, where we exposed 
salt marsh sediments to elevated levels of NO

−

3
. We hypothesized 

that the addition of NO
−

3
 would stimulate the decomposition of OM 

when compared to unamended sediments, because it is a thermo‐
dynamically more favorable electron acceptor. We predicted that 
this experiment would reveal the presence of a “NO

−

3
‐accessible” 

pool of OM that microbes could only oxidize under high NO
−

3
 con‐

ditions. We also hypothesized that the depth of OM would play a 
role in salt marsh sediment response to NO

−

3
 addition, with lower 

rates of decomposition in deeper sediment, where OM is less 
amenable to microbial oxidation due to more complex OM chem‐
ical structure. Specifically, we predicted that there would be lit‐
tle difference in decomposition between the NO

−

3
 and unamended 

treatments in shallow sediments, since the OM there would be 
recently deposited and more biologically available for both SO2−

4
 

and NO
−

3
 reduction, but that there would be a greater stimulation 

of decomposition at depth in the NO
−

3
 treatment compared to the 

unamended sediments. Lastly, we hypothesized that these changes 
in metabolic function would result from a shift in the microbial 
community toward taxa better adapted to use NO

−

3
 in metabolic 

functions, such as denitrification and DNRA.

2  | MATERIAL S AND METHODS

2.1 | Sample collection

We assessed the effect of NO
−

3
 on the decomposition of sediment 

OM of varying quality by using samples collected along a depth 
gradient from salt marsh sediments located in West Creek, part 
of a marsh complex located in Plum Island Sound, MA (42.759 N, 
70.891  W). West Creek is a relatively pristine reference site 
monitored as part of a long‐term nutrient enrichment experiment 
(Deegan et al., 2007). We collected three replicate cores (5  cm 
diameter and 30 cm deep) from the tall ecotype of Spartina alterni‐
flora, a habitat that floods daily and is under water approximately 
35% of the time (Deegan et al., 2007). After we transported the 
cores back to the laboratory, we stored them at 4°C for 24 hr until 

the start of the experiment. We sectioned each core into shallow 
(0–5  cm), mid (10–15  cm), and deep (20–25  cm) sediments and 
homogenized sections under anoxic conditions. We chose these 
depths to include OM of varying quality, ranging from relatively 
newly deposited OM (shallow), to deeper OM found both within 
(mid) and beyond (deep) the rooting zone. Based on accretion 
rates taken from nearby sites, we estimate that these sediments 
range from 50 to 100 years in age (Forbrich, Giblin, & Hopkinson, 
2018; Wilson et al., 2014). We removed as much live and dead 
root material as possible from the homogenized cores using for‐
ceps while still working under anoxic conditions, and then split 
each sectioned depth into a plus‐NO

−

3
 and an unamended treat‐

ment (filtered seawater). This resulted in three replicates for each 
treatment at each depth.

2.2 | FTRs and experimental design

The FTR experimental system (Figure S1) is a modified version of 
the system described in Pallud, Meile, Laverman, Abell, and Van 
Cappellen (2007) and Pallud and Van Cappellen (2006). In contrast 
to whole‐core batch incubations or sediment slurries, FTRs provide 
biogeochemical rate measurements at steady‐state conditions and 
prevent dissolved metabolic by‐products from accumulating in the 
system. Each FTR consists of two Plexiglas® caps that are radially 
scored for uniform flow, sealed with O‐rings to prevent leakage, 
and has a volume of 31.81 cm3. We confirmed unilateral, homog‐
enous flow in each reactor using the conservative tracer, bromide, 
in breakthrough experiments (see supplemental methods for details 
and Table S1 and Figure S2 for flow property results).

Under anoxic conditions, we loaded each reactor with homog‐
enized sediment, and randomly assigned each reactor a treatment, 
so that half of the reactors received the plus‐NO

−

3
 treatment (+NO

−

3
 

in 0.2  µm filtered seawater) and half received the unamended 
treatment (0.2  µm filtered seawater only, representing natural 
salt marsh conditions). To prepare the two treatment reservoirs, 
we filtered (0.2 µm) seawater collected from Woods Hole, MA. We 
sparged the filtered seawater in each of the two reservoirs with N2 
gas until they reached anoxic conditions, which we confirmed using 
a handheld Hach HQ30D dissolved oxygen meter (Hach Products, 
Loveland, OH), and spiked the NO

−

3
 treatment reservoir with 

500  µmol/L additional K15NO
−

3
 (Cambridge Isotope Laboratories, 

Andover, MA). We acknowledge that 500  µmol/L is high when 
compared to natural conditions, ranging from approximately two to 
five times higher than porewater concentrations found in other nu‐
trient‐enriched marshes (e.g., Negrin, Spetter, Asteasuain, Perillo, 
& Marcovecchi, 2011; Peng et al., 2016). However, our goal was 
to compare sediment OM decomposition under NO

−

3
 enriched 

and unamended conditions rather than to compare to field rates. 
Therefore, it was critical that NO

−

3
 be available to microbes through 

the entire thickness of the reactors in our enriched treatment. We 
initially added 350 µmol/L for the first 25 days, but found that all 
the NO

−

3
 was being fully consumed. At this point, we increased the 

concentration to 500 µmol/L.
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The reactors received treatment seawater at a targeted flow 
rate of approximately 0.08 ml/min (see Table S1 for measured flow 
rate) using peristaltic pumps rigged with 0.89 mm (inner diameter) 
MasterFlex FDA viton tubing (Cole Parmer, IL). We then carried out 
a 92 day experiment in a glove bag flushed with N2 gas and con‐
firmed anoxic conditions by continuously bubbling each reservoir 
with N2 and monitoring oxygen concentrations using a handheld 
Hach HQ30D dissolved oxygen meter. Once the reactors reached 
steady state at the 10 day mark, we collected samples from both res‐
ervoirs and effluent throughout the remainder of the experiment to 
measure changes in biogeochemical parameters and to monitor flow 
rate. To assess changes in OM composition and microbial community 
structure, we homogenized and aliquoted bulk sediment from the 
start of the experiment (pretreatment) and from sediment in each 
reactor at the end of the experiment. We dried bulk sediments over‐
night at 65°C before freezing at −20°C, and immediately flash froze 
additional aliquots of sediments in liquid nitrogen for nucleic acid 
extraction and stored them at −80°C until further analysis.

2.3 | Biogeochemical and OM analyses

We collected water samples approximately every 10  days from 
both the plus‐NO

−

3
 and unamended reservoirs along with all reactor 

outflows to measure biogeochemical processes resulting from mi‐
crobial activity. Samples for DIC, sulfide, and gases were collected 
in glass tubes placed in‐line in the outflow with no headspace and 
water for nutrients was collected in acid‐washed 15  ml conical 
tubes. To assess total microbial respiration, we measured dissolved 
inorganic carbon (DIC; CO2 + HCO3 + CO

2−

3
) on an Apollo SciTech 

AS‐C3 DIC analyzer (Newark, DE) following methods in Dickson 
and Goyet (1994). We measured nitrate + nitrite (NO

−

3
 + NO

−

2
) via 

chemiluminescence on a Teledyne T200 NOx analyzer (Teledyne 
API, San Diego, CA) following methods outlined in Cox (1980), 
and measured ammonium (NH

+

4
) and sulfide colorimetrically on a 

Shimadzu 1601 spectrophotometer (Kyoto, Japan) following pro‐
tocols from Solórzano (1969) and Gilboa‐Garber (1971), respec‐
tively. To calculate the production and consumption rates of each 
analyte (DIC, NO

−

3
, NH

+

4
, and sulfide) over time, we calculated the 

difference in concentration between the inflow (reservoir) and the 
outflow (effluent), corrected for flow rate in L/hr, and divided by 
reactor volume (31.81 cm−3) for each sampling point. Because we 
were not able to measure changes in SO2−

4
 due to high seawater 

concentrations and proportionally minor changes resulting from 
experimental conditions, we determined that sulfate reduction 
was occurring through the production of sulfide (HS−) and calcu‐
lated a conservative total sulfate reduction rate (SRR) by taking the 
sum of HS− produced and total S storage measured at the end of 
the experiment (described below). We also calculated the DIC:NH

+

4
 

ratio to draw general inferences about OM pools being decom‐
posed based on C:N stoichiometry.

We determined the relative contribution of competing NO
−

3
 re‐

duction pathways to total NO
−

3
 consumption in the plus‐NO

−

3
 treat‐

ment only by measuring the production of labeled N2 from 
15NO

−

3
 

tracer as dissolved gas on a membrane inlet mass spectrometer 
(MIMS; Kana et al., 1994) connected to a copper column heated to 
600°C to remove oxygen interferences (Eyre, Ryshaard, Dalsgaard, 
& Christensen, 2002; Lunstrum & Aoki 2016). To determine anam‐
mox and denitrification, we monitored the production of 29N2 and 
30N2, respectively, and calculated rates using the following equation 
(Nielsen, 1992),

where D15 is denitrification from 
15NO

−

3
, and p29 and p30 corre‐

spond to the production of 29N2 and 30N2. To measure DNRA, we 
bubbled water samples with helium for 10 min to remove any N2 gas 
and converted 15NH

+

4
 produced from DNRA to 29N2 and 30N2 using 

a hypobromite iodine solution following the OX/MIMS method (Yin, 
Hou, Liu, Liu, & Gardner, 2014). We measured gases on the MIMS 
and calculated DNRA rates as:

It was not necessary to calculate denitrification from 14NO
−

3
 using the 

isotope pairing method (Nielsen, 1992) because we only added NO
−

3
 in 

the form of 15NO
−

3
, and ambient NO

−

3
 concentrations were largely below 

detection. We also considered the production of 14NO
−

3
 from nitrifica‐

tion to be negligible, as this is primarily an aerobic process (Herbert, 
1999), and we maintained constant anoxia throughout this experiment.

To assess geochemical changes in OM, we dried samples at 
65°C and fumed samples with 12N HCl before performing elemen‐
tal composition analysis (percent carbon and nitrogen) on a Perkin 
Elmer 2400 Series Elemental Analyzer (Perkin Elmer, Billerica, MA) 
using acetanilide as a standard. We dried additional samples at 
105°C overnight to obtain water content and used these data to cal‐
culate bulk density of each reactor assuming a volume of 31.81 cm3. 
Lastly, we obtained percent sulfur (%S) by combusting dried sam‐
ples at 1,350°C and measuring sulfur dioxide (SO2) production on a 
LECO S635 S analyzer (LECO Corporation, Saint Joseph, MI).

To further characterize changes in OM as a result of NO
−

3
 ad‐

dition, we used Fourier Transform‐Infrared Spectroscopy (FT‐IR), 
a technique that provides rapid, detailed information about the 
relative abundance of chemical functional groups. To prepare sam‐
ples for FT‐IR analysis, we finely ground sediment dried at 40°C 
for 48  hr. We ran each sample on a Bruker Vertex 70 Fourier 
Transform‐Infrared Spectrometer (Bruker Optics Inc., Billerica, 
MA) outfitted with a Pike AutoDiff diffuse reflectance Accessory 
(Pike Technologies, Madison, WI) and obtained data as pseudo‐ 
absorbance (log[1/reflectance]) in diffuse reflectance mode. We 
collected at a 2 cm−1 resolution with 60 coadded scans per spec‐
trum at the mid‐IR range, from 4,000 to 400 cm−1, using a mirror 
for background correction. Resulting raw spectra were transformed 
using a calculated two‐point linear tangential baseline using 
Unscrambler X (Camo Software, version 10.1, Woodbridge, NJ) and 
then assigned peaks according to Margenot, Calderón, Boweles, 
Parikh, and Jackson (2015) and Parikh, Goyne, Margenot, Mukome, 
and Calderón (2014) as outlined in Table S2.

(1)D15=p29+2p30

(2)DNRA15= p29+2p30.



     |  5BULSECO et al.

2.4 | Nucleic acid extraction, amplification, and 
amplicon sequencing

We extracted genomic DNA from approximately 0.25 g wet sedi‐
ment using the MoBio® PowerSoil DNA Isolation Kit (MoBio 
Technologies, CA) following manufacturer's instructions, and 
eluted the DNA into a 35  µl final volume. We amplified in tripli‐
cate the V4 region of the 16S rRNA gene using the general bacte‐
rial primer‐pair 515F (5′‐GTGCCAGCMGCCGCGGTAA‐3′) and 806R 
(5′‐GGACTACHVGGGTWTCTAAT‐3′; Caporaso et al., 2011) with 
Illumina adaptors (Caporaso et al., 2012) and individual 12‐bp GoLay 
barcodes on the reverse primer, using the following reaction: 10 µl 
5‐Prime Hot Master Mix (Quanta Bio, Beverly, MA), 0.25 µl of 20 μM 
forward and reverse primers, 13.5 µl DEPC‐treated water, and 1 µl 
of DNA template. PCR cycling conditions follow those outlined by 
the Earth Microbiome Project (Caporaso et al., 2011). Prior to se‐
quencing, we gel purified the pooled PCR product using a Qiagen® 
QIAquick gel purification kit (Qiagen, Valencia, CA) and quantified 
the resulting purified product using a Qubit® 3.0 fluorometer (Life 
Technologies, Thermo Fisher Scientific, Waltham, MA). After pool‐
ing to equimolar concentrations, we performed sequencing on the 
Illumina MiSeq (Illumina, San Diego, CA) platform using a 300‐cycle 
kit and V2 chemistry. All reads are deposited in the NCBI Sequence 
Read Archive under accession number PRJNA505917.

2.5 | Statistical analyses

We conducted all statistical analyses in R unless otherwise stated 
(R Core Team, 2019) and used an alpha of 0.05 for all significance 
testing. To investigate changes in DIC production over time, we per‐
formed a linear regression on each core using weeks since start of 
the experiment as the explanatory variable and DIC production rate 
as the dependent variable. We integrated between sampling points 
to calculate the cumulative flux of DIC, NH

+

4
 production, sulfur stor‐

age, and total SO2−

4
 reduction across the duration of the experiment 

and tested for significant differences in DIC, NH
+

4
 production, sulfur 

storage, and total SO2−

4
 reduction, as a function of treatment and 

depth, using a two‐way ANOVA. For both NO
−

3
 consumption and 

sulfide production, detectable only in the plus‐NO
−

3
 or unamended 

treatments, respectively, we assessed differences among depths 
using a one‐way ANOVA. We also compared denitrification and 
DNRA among depths using a one‐way ANOVA, and compared these 
rates to each other using a two‐sample t test. We assessed the con‐
tribution of these two dissimilatory processes to NO

−

3
 consumption 

by calculating a ratio of denitrification and DNRA over total NO
−

3
 re‐

duction. Similarly, we performed a mass balance between DIC and 
SRR in both the plus‐NO

−

3
 and unamended treatments. To account 

for differences in bulk carbon supply on DIC production, we calcu‐
lated total carbon loss by taking the proportion of carbon released 
as DIC divided by the total mass of carbon per reactor using sedi‐
ment characteristic data (e.g., water content and %C).

To assess changes in %C, %N, bulk density, and %S throughout 
the experiment, we calculated the difference between initial and final 

sediments per core and compared these changes among treatment and 
depth using a two‐way ANOVA. We performed a principal coordinate 
analysis (PCoA) across entire FT‐IR spectra and used a PERMANOVA 
with 999 permutations to test for significant differences by treat‐
ment and depth using Manhattan distance to construct the resem‐
blance matrix from the FT‐IR data. To further visualize trends in these 
data, we also plotted the Pearson's correlation coefficients against 
wavenumber to determine which spectral bands best explained the 
distribution of sample scores in the PCoA based on functional group 
assignments in Table S2. Lastly, we calculated the ratio of aromatic 
carbon (1,650 cm−1) to carboxyl functional groups (1,270 cm−1), where 
higher values imply a greater extent of decomposition (Keiluweit, 
Wanzek, Kleber, Nico, & Fendorf, 2017), and used a two‐way ANOVA 
to compare these ratios as a function of treatment and depth.

To investigate bacterial community composition, we analyzed 
sequence data in QIIME 2 (version 2017.12). We demultiplexed a 
total of 1,521,493 16S rRNA gene sequences across all samples 
and inferred amplicon sequence variants (ASVs) using the DADA2 
plugin (Callahan et al., 2016) with a maxEE of 2 and the consen‐
sus chimera removal method. Quality filtering resulted in an aver‐
age of 37,381 (±6,693) sequences per sample. We then assigned 
taxonomy with the Greengenes 16S rRNA sequence database 
(version 13‐8; McDonald et al., 2012) and removed ASVs occur‐
ring only once (singletons) and any sequences matching chloro‐
plasts and mitochondria. After aligning sequences using MAFFT 
v7 (Katoh & Standley, 2013), we performed beta diversity analysis 
with weighted UniFrac (Lozupone, lladser, Knights, Stombaugh, 
& Knight, 2011) on ASV tables normalized to 22,999 sequences 
(which was our lowest sequencing depth), and tested for signifi‐
cant differences among treatments and depth using PERMANOVA 
with 999 permutations. To examine within sample diversity, we 
calculated a Shannon diversity index with these normalized data 
and tested for differences across treatment and depth using a two‐
way ANOVA. We ran a random forest model from the randomFor‐
est R package (v4.6‐12; Liaw & Wiener, 2002) using 10,000 trees 
on a filtered feature table containing ASVs present at least 100 
times (186 ASVs total) to identify taxa most important in classi‐
fying between plus‐NO

−

3
 and unamended treatments. To confirm 

model results, we examined the out‐of‐bag error rate (a method 
that uses bootstrap aggregation to assess performance without a 
training set) and performed leave‐one‐out cross‐validation with 
999 permutations in the caret R package (v6.0‐73; Kuhn, 2016). 
We then plotted the relative abundance of ASVs most important in 
correctly classifying between treatments as a heatmap, and clus‐
tered samples using unweighted pair group method with arithmetic 
mean (UPGMA) on Euclidean distances (Michener & Sokal, 1957).

3  | RESULTS

3.1 | Biogeochemical rates

Across all depths, the addition of NO
−

3
 resulted in higher DIC pro‐

duction rates (microbial respiration; Figure 1) and total cumulative 
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production (Figure 2) compared to the unamended treatment, 
both over time and at the end of the experiment. In both treat‐
ments, total DIC production decreased with depth (Figure 2), with 
shallow sediments exhibiting significantly greater microbial respi‐
ration than mid and deep sediments. While DIC production rates 
decreased over the duration of the experiment in the shallow, 
unamended sediments (Figure 1a; linear regression; p  =  0.002, 

F1,18 = 12.87, R
2 = 0.38), no such pattern existed in the plus‐NO

−

3
 

treatment.
In the plus‐NO

−

3
 treatment, the sum of DNF and DNRA ac‐

counted for 102.5 ± 0.15%, 91.3 ± 4.4%, and 95.1 ± 14.0% of total 
NO

−

3
 consumption (Figure 3). Background NO

−

3
 concentrations in 

the incoming seawater were consistently low (0.6–1.2 µM), and al‐
though all of this NO

−

3
 was removed throughout the experiment in 

the unamended treatment, the low initial concentrations resulted 
in negligible NRR. In the plus‐NO

−

3
 treatment, NRR ranged from 

14.6 to 87.2  µmol  cm−3  hr−1 (Figure 3), with cumulative rates of 
97.4 ± 1.4 µmol/cm3, 77.2 ± 5.6 µmol/cm3, and 72.5 ± 13.1 µmol/cm3 
for shallow, mid, and deep sediments, respectively. Cumulative NO

−

3
 

reduction did not significantly differ by depth (p = 0.16); however, el‐
evated rates in the shallow sediments corresponded to greater rates 
of DIC production (Figure 2). Cumulative denitrification rates were 
70.6 ± 1.0 µmol/cm3, 58.1 ± 2.2 µmol/cm3, and 55.2 ± 5.9 µmol/cm3 
for shallow, mid, and deep sediments, respectively; however, differ‐
ences by depth were not significant (p = 0.054). DNRA rates were 
significantly higher in the shallow sediments (29.2 ± 1.3 µmol/cm3) 
compared to the mid (11.8 ± 0.7 µmol/cm3) and deep (10.7 ± 3.1 µmol/
cm3) sediments (p < 0.001, F2,6 = 27.29), but overall, DNRA rates were 
not as high as denitrification rates at any depth (p < 0.001, t = 17.17).

Sulfide production, used together with total S in sediment as 
a measure of SRR, occurred at all depths in the unamended treat‐
ment and was significantly higher in shallow compared to deep 
sediments (Figure 4a,b). Sulfide concentrations, in contrast, were 
undetectable in the plus‐NO

−

3
 treatment. Changes in S storage 

indicated that SO−

4
 reduction was occurring in both treatments 

(Figure 4c), although SRR was lower in the plus‐NO
−

3
 treatment 

than in the unamended sediments. There was a significant interac‐
tion between treatment and depth on SRR, with the unamended 
treatment exhibiting more SO2−

4
 reduction than the plus‐NO

−

3
 

treatment in shallow sediments, and unamended shallow sedi‐
ments exhibiting more SO2−

4
 reduction than the unamended mid 

F I G U R E  1  Average (±SE) dissolved inorganic carbon (DIC) production over time (weeks) across three depths that correspond to different 
ages of marsh organic matter (panels a–c; n = 3)

F I G U R E  2  Average (±SE) cumulative dissolved inorganic 
carbon (DIC) production over 92 days in µmol/cm3 for nitrate and 
unamended treatments at each depth. Boxes represent 25%–75% 
quartiles, where the solid black line is the median value and the 
whiskers are upper and lower extremes. Black dots represent 
values for each individual reactor. A two‐way ANOVA indicates a 
significant effect of treatment (p < 0.001, F1,14 = 21.73) and depth 
(p < 0.001, F2,14 = 48.33) on total DIC production, but there was 
no significant interaction between the two. Letters represent 
statistically different DIC production by depth from a Tukey's 
HSD test corrected for multiple comparisons test and the asterisk 
indicates a significant difference between treatments at all depths
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and deep sediments (Figure 4d). Overall, based on stoichiome‐
try, SO−

4
 reduction accounted for 76.8 ±  1.4%, 64.2 ±  9.3%, and 

59 ± 30.8% of total DIC production in the unamended treatment, 
and 15.0 ± 3.8%, 9.4 ± 8.4%, and 1.6 ± 8.5% in the plus‐NO

−

3
 treat‐

ment for shallow, mid, and deep sediments, respectively.
There was no significant difference in NH

+

4
 production between 

treatments; however, shallow sediments produced significantly 

more NH
+

4
 when compared to mid and deep sediments in both 

the plus‐NO
−

3
 and unamended treatments (Figure 5). In addition, 

the DIC:NH
+

4
 ratio was significantly higher in the plus‐NO

−

3
 treat‐

ment, while in the unamended treatment, the ratio remained 
consistently low across all depths (Figure 6) and was similar to 
the C:N value of sediments from the start of the experiment 
(13.66 ± 0.69).

F I G U R E  3  NO
−

3
 consumption in proportion to denitrification and dissimilatory nitrate reduction to ammonium (DNRA). Black line 

represents average (±SE) nitrate consumption rates over time (weeks) and stacked bar plots indicate average (±SE) rates of denitrification 
(DNF; white) and dissimilatory nitrate reduction to ammonium (DNRA; gray). A one‐way ANOVA indicated DNRA was signficantly higher in 
shallow sediments compared to mid and deep sediments (p < 0.001, F2,6 = 27.29), while there was no significant pattern in denitrification by 
depth (p = 0.054). Rates of denitrification were greater than DNRA across all depths according to a two-sample t test (p < 0.001, t = 17.17)

F I G U R E  4   (a) Average (±SE) sulfide production rates over time (weeks) and (b) total sulfide production. One‐way ANOVA indicated 
shallow sediments exhibited significantly greater sulfide production than mid and deep sediments (p = 0.012, F2,6 = 9.96). Changes in sulfide 
were undetectable in the plus‐NO

−

3
 treatment and were thus not included in panels a and b. (c) A two‐way ANOVA indicated that total sulfur 

storage was greater in the unamended treatment across all depths (as indicated by an asterisk; p = 0.024, F1,14 = 7.64), with deep sediments 
exhibiting less storage than shallow sediments (p = 0.037, F2,14 = 4.21). (d) There was a significant interaction between treatment and depth 
on total sulfate reduction (sulfide + sulfur production; p = 0.029, F2,12 = 4.81). Letters represent statistically different sulfate reduction from 
a Tukey's HSD test corrected for multiple comparisons
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3.2 | Organic matter

Molar C:N of preexperiment sediments demonstrated an increasing 
trend with depth, ranging from 13.1 ± 0.5, 13.6 ± 0.3, and 14.2 ± 0.6 
for shallow, mid, and deep sediments, respectively (Figure 7a), but 
this trend was not statistically significant (p = 0.195). We compared 
change in %C, %N, molar C:N, and S in the plus‐NO

−

3
 and unamended 

sediments versus sediments collected prior to the experiment 
(Table 1). There was no significant difference in pre‐ versus postex‐
periment carbon or molar C:N between treatments; however, there 
was a change in %N by depth and total S by depth and treatment, 
with significantly greater S concentrations in the unamended sedi‐
ments (Figure 4c).

The proportion of carbon lost as DIC throughout the experi‐
ment ranged only from 0.76% to 3.47% of the total carbon in each 
reactor, so it is not surprising that we did not detect significant 
changes in most bulk sediment properties between treatments. 
To observe changes in OM, we applied FT‐IR spectroscopy and 
explored relative shifts in chemical functional groups related to 
decomposition processes. A principal coordinates analysis (PCoA; 
Figure 7b) of whole FT‐IR spectra using Manhattan distances in‐
dicated separation by depth along the first coordinate axis (ex‐
plaining 77.6% of the variance) and treatment along the second 
coordinate axis (explaining 22.2% of the variance), both of which 
were significant according to PERMANOVA analysis (Figure 7b). 
Pairwise comparisons of mean Manhattan distances further in‐
dicated that each depth was significantly different from the rest 
(shallow–mid, p = 0.006, t = 3.029; mid–deep, p = 0.009, t = 2.72; 
shallow–deep, p = 0.001, t = 5.94), but when examining treatment, 
only pretreatment and unamended sediments were significantly 
different from each other (p  = 0.019, t  = 2.20). We next plotted 
the Pearson's correlation coefficient against wavenumber for the 
first two factors, which accounted for 99.8% of total variance in 
the PCoA. This allowed us to identify three functional groups that 
exhibited the most influence on observed separation along the pri‐
mary and secondary axes (Figure 7d): Groups that were important 
in differentiating between treatments included lignin‐like com‐
pounds at 840 and 1,650 cm−1 (Artz et al., 2008), aliphatic carbon 
at 1,470 cm−2, and polysaccharides at 1,080 cm−1.

To further explore whether a change in carbon chemical 
structure occurred during the incubation, we calculated the ratio 
of aromatic carbon (1,650  cm−1) to carboxyl functional groups 
(1,270 cm−1), where higher values imply a greater extent of decom‐
position (Keiluweit et al., 2017). A two‐way ANOVA of the aromat‐
ic:carboxyl group ratio indicated a significant effect of treatment 
(p = 0.027, F2,22 = 4.24), but not depth (p = 0.651), with a higher ratio 
in the unamended treatment when compared to initial sediments 
(Figure 7c).

F I G U R E  5  Average (±SE) ammonium 
production rates over time (days) in the 
nitrate (a) and unamended (c) treatments, 
and total ammonium production in  
µmol/cm3 across depth for nitrate (b) and 
unamended (d) treatments. While there 
was no effect of treatment, a one‐way 
ANOVA indicated a significant effect of 
depth (nitrate (b): p < 0.001, F2,6 = 37.47; 
unamended (d): p = 0.005, F2,6 = 14.09), as 
indicated by a Tukey's HSD test corrected 
for multiple comparisons

F I G U R E  6  The ratio of dissolved inorganic carbon (DIC) to 
ammonium production calculated per core was greater in the 
plus‐NO

−

3
 treatment compared to unamended sediments as 

indicated by the asterisk (p = 0.007, F1,14 = 10.11), while depth 
was insignificant (p = 0.147), according to a two‐way ANOVA. The 
dotted line indicates the average C:N ratio of sediments from the 
start of this experiment (13.66 ± 0.69)
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F I G U R E  7   (a) Boxplot of molar C:N ratio at each depth before the start of the experiment (b) Principal coordinates analysis (PCoA) of 
Fourier Transform‐Infrared Spectra (FT‐IR) indicates significant differences by treatment (PERMANOVA; p = 0.017, F2,18 = 3.31) and depth 
(p = 0.001 F2,18 = 16.60). (c) A two‐way ANOVA of the aromatic:carboxyl group ratio indicated a significant effect of treatment (p = 0.027, 
F2,22 = 4.24) but not depth (p = 0.651), with a higher ratio in the unamended treatment when compared to initial sediments. (d) Pearson's 
correlation coefficients plotted against wavenumber representing regions most discriminating across two axes shown in (b). Dotted lines 
indicate functional group assignments listed in Table S2, with 840–920 and 1,650 cm−1 = aromatic carbon and lignin‐type signatures, 
1,080 cm−1 = polysaccharides, and 1,470 and 2,850–2,924 cm−1 = aliphatic carbon

TA B L E  1  Average (±SE) bulk density, change in carbon (mg), nitrogen (mg), and sulfur (mg), and final molar C:N per reactor treatment‐
depth combination (N = 3), with negative numbers indicating loss throughout the experiment

  Bulk density Δ Carbon (mg) Δ Nitrogen (mg) Molar C:N Δ Sulfur (mg)

Unamended

Shallow 0.22 (0.01) −141.42 (51.71) −13.76 (1.2)a 13.24 (0.10) 63.70 (9.99)a

Mid 0.21 (0.01) −34.69 (13.56) −6.38 (1.66)b 13.97 (0.27) 39.22 (6.98)ab

Deep 0.22 (0.02) −41.29 (36.94) −3.35 (1.24)b 14.17 (0.18) 19.24 (21.15)ab

Nitrate

Shallow 0.24 (0.02) −154.12 (60.93) −13.32 (1.65)a 13.10 (0.09) 25.28 (9.63)ab

Mid 0.22 (0.02) −91.49 (60.93) −8.39 (3.90)b 13.71 (0.09) 14.98 (11.38)ab

Deep 0.24 (0.01) −76.12 (27.05) −5.55 (2.04)b 14.10 (0.20) −4.89 (14.31)b

Two‐way ANOVA indicates a significant difference in nitrogen lost among depths (p = 0.002, F2,14 = 10.42) but not between treatments, and a sig‐
nificant increase in total S in the unamended treatment (p = 0.018, F1,12 = 7.37) compared to the plus‐NO

−

3
 treatment. Letters represent results from 

Tukey's HSD test corrected for multiple comparisons.



10  |     BULSECO et al.

3.3 | Microbial community composition in response 
to nitrate

A principal coordinates analysis constructed from Weighted UniFrac 
similarities revealed a significant effect of both treatment and depth 
on microbial community composition (Figure 8a). There was a clear 
separation in community similarity along the primary axis (43.20% of 
the variance explained) due to NO

−

3
 addition, and a separation driven 

primarily by differences between shallow and mid–deep sediments 
(Figure 8a) along the secondary axis (20.82% of the variance ex‐
plained). To determine the effect of NO

−

3
 addition on alpha diversity, 

we calculated the Shannon Index and found a significant effect of 
both treatment and depth, but not the interaction of the two fac‐
tors. Across all depths, alpha diversity was significantly lower in the 
plus‐NO

−

3
 treatment when compared to the unamended treatment 

(Figure 8b).
A random forest model, using 10,000 trees and 186 predictor 

variables derived from the most abundant ASVs, correctly classified 
microbial communities as belonging to either the plus‐NO

−

3
 or un‐

amended treatment 100% of the time with a 0% out‐of‐bag error rate. 
Leave‐one‐out cross‐validation confirmed model performance, with 
a Cohen's kappa statistic, which compares observed accuracy to ex‐
pected accuracy due to random chance, of 100%. The top 30 ASVs 
most important in discriminating between treatments accounted for 
45.2% of total sequences and included taxa from Phyla Bacteroidetes, 
Proteobacteria, Chlorobi, Caldithrix, Chloroflexi, Planctomycetes, 
Acidobacteria, Gemmatimonadetes, Verrucomicrobia, and candi‐
date group WWE1 (Table S3; Figure 9). Of these 30 ASVs, classes 
from Flavobacteria, Gammaproteobacteria, Alphaproteobacteria, 
and Ignavibacteria were more abundant in the plus‐NO

−

3
 treat‐

ment, while the unamended treatment was much more diverse, 
including classes from Deltaproteobacteria, Bacteroidia, Caldithrix, 
Anaerolineae, Cloacamonae, BPC102, Gemm‐2, Phycisphaerae, 

Epsilonproteobacteria, Alphaproteobacteria, Verrucomicrobiae, 
and Betaproteobacteria. We also tested the random forest model 
without excluding rare taxa (but still removing singletons) to see if 
these rarer ASVs would have a disproportionate influence on the 
dataset. This also resulted in 100% classification rate and 0% out‐of‐
bag error, but only accounted for an additional 1.9% of all sequences 
(ASVs 31–41 listed in Table S3).

4  | DISCUSSION

4.1 | DIC production rates decreased with depth

Our study used a controlled FTR experiment to test the effect of 
OM chemical complexity and NO

−

3
 addition on microbial respiration. 

We found that DIC production decreased as a function of depth, 
with shallow sediments exhibiting significantly greater microbial res‐
piration rates than mid and deep sediments (Figure 2). This pattern 
was particularly evident in the unamended treatment, where DIC 
production also decreased throughout the duration of the experi‐
ment in the shallow sediments (Figure 1a) likely because accessible 
OM began to limit SRR (Westrich & Berner, 1984). Decreasing DIC 
production with depth likely resulted from changes in OM acces‐
sibility that also occurs with depth. Microbes preferentially degrade 
the least complex, highest energy‐yielding plant and microalgae‐de‐
rived OM in surface sediments. Organic components with greater 
activation energies that are therefore more resistant to degradation 
in salt marsh environments tend to accumulate over time, and ul‐
timately become buried under newly deposited OM and sediment. 
These components persist in such environments where their degra‐
dation has become thermodynamically unfavorable, as dictated by 
the sum of processes that impede microbial access to a particular 
substrate. While microbes can still degrade these OM compounds 
over time, the process occurs at a much slower rate due to greater 

F I G U R E  8   (a) Principal coordinates analysis constructed based on weighted UniFrac where color represents sample treatment and 
shape indicates sample depth. Results from a PERMANOVA indicate significant differences in community composition by treatment 
(p = 0.001, F2,22 = 11.11) and by depth (p = 0.006, F2,22 = 3.03). (b) Shannon diversity index. A two‐way ANOVA revealed a significant effect 
of both treatment (p < 0.001, F2,22 = 71.21) and depth (p = 0.044, F2,22 = 3.61), as indicated by a Tukey's HSD test corrected for multiple 
comparisons, but no effect of the interaction between the two
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energetic requirements (Westrich & Berner, 1984) and physical 
protection from particle aggregation (Brodowski, John, Flessa, & 
Amelung, 2006; Schmidt et al., 2011). The end result is decreased 
decomposition rates. Initial bulk sediment %C, molar C:N (Table 1; 
Figure 7a), and the aromatic:carboxyl group ratio did not differ sig‐
nificantly among the different depths in this experiment. However, 
FT‐IR spectra indicated a significant difference in functional groups 
(Figure 7b) at different depths driven primarily by polysaccharide de‐
pletion (Figure 7d), which suggests increasing OM stability in deeper 
sediments. The lack of significant differences in bulk sediment ratios 
emphasizes the importance of using higher resolution techniques to 
evaluate OM characteristics. By assessing entire FT‐IR spectra, we 
were able to identify relative depletion and accumulation of specific 
functional groups that resulted from our experimental treatment.

The decrease in DIC production with depth is also, in part, due to 
decreasing availability of thermodynamically favorable electron accep‐
tors in anoxic marsh sediments. Energetically favorable electron ac‐
ceptors, such as NO

−

3
, are preferentially reduced at the surface and are 

therefore depleted in deeper sediments (Canfield et al., 2005). While 
SO

2−

4
 is rarely limiting in most marsh systems due to its high concen‐

tration in seawater and delivery via incoming tides (Howarth & Teal, 
1979; Jørgensen, 1977), SO2−

4
 reduction is a much less energetically fa‐

vorable metabolic pathway, releasing less free energy per mole of car‐
bon oxidized compared to NO

−

3
 reduction thereby limiting the range of 

organic compounds that can be degraded. Furthermore, SO2−

4
 reduc‐

tion only accounted for 59.0%–76.8% of DIC production, suggesting 
that other alternative electron acceptors, such as iron and manganese 
oxides, could have also contributed to microbial respiration (Canfield  
et al., 2005). However, we did not measure iron or manganese oxides, 
so cannot comment on patterns regarding these processes.

Since SO2−

4
 reduction yields less energy and therefore limits the 

range of organic compounds that can be degraded, rates of decom‐
position generally decrease with depth where OM has accumulated 
with time (Arndt et al., 2013; Canfield et al., 2005), though the pres‐
ence of roots and bioturbation can alter this pattern (Aller & Aller, 
1998; Canfield & Farquhar, 2009; Kostka et al., 2002). Decreased 
decomposition at depth is consistent with the decrease in DIC pro‐
duction (Figure 2) and sulfide production (Figure 4b) we observed in 
the deeper unamended sediments. In addition, DIC production de‐
creased as a function of time in the shallow unamended treatment 
(Figure 1), suggesting that after first oxidizing the more biologically 
available OM compounds, only less accessible OM remained, lead‐
ing to decreased decomposition rates. This result corroborates other 
studies that find a strong relationship between OM degradability 
and SRR, with increasing OM stability resulting in lower decompo‐
sition rates regardless of SO2−

4
 availability (Canfield, 1989; Westrich 

& Berner, 1984).

4.2 | Evidence for a nitrate accessible pool of OM

The addition of NO
−

3
 resulted in significantly greater DIC produc‐

tion across all depths, most notably in deeper sediments, where OM 
is less biologically available for microbial oxidation. While NO

−

3
 is a 

thermodynamically favorable terminal electron acceptor that fuels 
high rates of denitrification and DNRA in salt marshes, it is typi‐
cally coupled with nitrification at oxic interfaces or rooting zones 
(Hamersley & Howes, 2005; Howes, Howarth, Teal, & Valiela, 1981), 
and hence limited at depth where NO

−

3
 cannot be internally regen‐

erated. By experimentally adding NO
−

3
 in this experiment, similar to 

what might occur in coastal environments under high N loading, we 

F I G U R E  9  Heatmap showing relative abundance of top 30 amplicon sequence variants (ASVs; 45.2% of sequences) most important in 
correctly discriminating between plus‐NO

−

3
 (top nine rows) and unamended treatments (bottom nine rows) according to a random forest 

classification model, clustered using an unweighted pair group method with arithmetic mean (UPGMA) on Euclidean distances. Lighter colors 
indicate less abundant taxa, while darker colors indicate more abundant taxa. Colored circles represent the taxonomic class of each ASV and 
gray‐scale bars indicate sample depth. ASVs marked with an asterisk belong to groups known to carry out dissimilatory nitrate reduction. 
Additional taxonomic information can be found in Table S3
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thereby increased NO
−

3
 availability. In doing so, we increased rates 

of denitrification (Figure 3) and OM oxidation (Figures 1 and 2), and 
consequently increased rates of decomposition. These results sug‐
gest the existence of a “NO

−

3
‐accessible” OM pool and emphasize 

that “recalcitrance” of OM as commonly used in the salt marsh lit‐
erature depends on the environmental context, including both OM 
accessibility and electron acceptor availability. OM that is consid‐
ered environmentally recalcitrant under SO2−

4
‐only conditions may 

no longer be stable under NO
−

3
 availability once energetics barriers 

are overcome.
High NO

−

3
 conditions may stimulate the microbial community to 

break down these otherwise stable OM compounds by providing 
more energy for metabolic processes. Higher DIC:NH

+

4
 ratios in the 

plus‐NO
−

3
 treatment provide support for this claim. In general, more 

DIC relative to NH
+

4
 production indicates that microbes are using OM 

with higher C:N ratios (Canfield et al., 2005). In the plus‐NO
−

3
 treat‐

ment, particularly at depth, the DIC:NH
+

4
 ratio was much higher, sug‐

gesting that microbial communities may be accessing a different OM 
pool compared to unamended sediments, in which C:N remained 
consistently low and very similar to the average sediment ratio from 
the start of the experiment (Figure 6). It is noteworthy that the ratio 
of DIC:NH

+

4
 in the plus‐NO

−

3
 and unamended treatments was similar 

in shallow sediments, where OM appears to be accessible to both 
NO

−

3
 and SO2−

4
 reducers. As this ratio diverges between treatments 

with depth, it provides further evidence for the existence of this sep‐
arate “NO

−

3
‐accessible” OM pool that microbes can access once NO

−

3
 

limitation is released. There are other processes by which this in‐
creasing pattern in DIC:NH

+

4
 can emerge, including differences in mi‐

crobial biomass and N uptake or anammox (Dalsgaard, Thamdrup, & 
Canfield, 2005; Schmid et al., 2007). Our NH

+

4
 data suggest, however, 

that there were no significant differences in net NH
+

4
 production be‐

tween treatments, given that cumulative NH
+

4
 production across the 

entire experiment was the same (Figure 5). We cannot, however, 
comment on the potential for gross NH

+

4
 production and consump‐

tion in our experiment, as our sampling strategy and resolution did 
not allow for it. We did monitor production of 29N2, which showed 
that anammox was negligible in this experiment, agreeing with other 
studies conducted in salt marsh sediments (Koop‐Jakobsen & Giblin, 
2009). We therefore conclude that this increase in DIC:NH

+

4
 ratio is 

most likely explained by the oxidation of a higher C:N pool of OM at 
depth in the plus‐NO

−

3
 treatment.

FT‐IR spectral data also suggest that microbes in the plus‐NO
−

3
 

treatment were accessing a different pool of OM than microbes in 
the unamended treatment. A PCoA of whole FT‐IR spectra from 
4,000 to 400  cm−1 indicated a significant difference in the OM 
chemistry among depths and between the unamended and pre‐
treatment sediments, but the plus‐NO

−

3
 treatment was not different 

between the other two (Figure 7a). This result suggests that decom‐
position not only caused a shift in the OM signature when compared 
to pretreatment sediments but also the plus‐NO

−

3
 and unamended 

OM composition shifted in different ways.
Higher aromatic:carboxyl group ratios in the unamended treat‐

ment compared to the pretreatment sediments show that microbial 

OM oxidation resulted in a more stable residual OM pool (Figure 7c); 
a result that we could not detect in the bulk sediment properties 
(Table 1). Remarkably, these data also suggest that after incubation, 
the OM from the unamended treatments was in a state of greater de‐
composition than the OM from the plus‐NO

−

3
 treatment (Figure 7c), 

even though the amount of C mineralized was less. This result sup‐
ports the pattern observed in the PCoA of OM composition, where 
Manhattan distances indicated a significant difference between pre‐
treatment and unamended sediments, but not the plus‐NO

−

3
 treat‐

ment (Figure 7b). One possible explanation for this counterintuitive 
finding is that NO

−

3
 addition might facilitate decomposition of more 

complex OM (e.g., large cyclic compounds such as cellulose), either 
through fermentation or hydrolysis, which would result in more bio‐
reactive, low‐molecular‐weight substrates (Beauchamp et al., 1989). 
Rather than a predictable sequence following thermodynamic the‐
ory, which asserts that electron acceptors with higher redox po‐
tential are exclusively reduced first (Froelich et al., 1979; Zehnder 
& Stumm, 1988), these results suggest that NO

−

3
 supports cometab‐

olism by providing more accessible OM compounds for competing 
microbial functional groups (Achtnich et al., 1995). This is supported 
by the existence of some measurable SO2−

4
 reduction in the plus‐NO

−

3
 

treatment, in stark contrast to the inhibition of SRR that would be 
predicted by thermodynamics (Zehnder & Stumm, 1988). However, 
since the majority of NO

−

3
 reduction in the plus‐NO

−

3
 treatment could 

be accounted for by the sum of denitrification and DNRA (Figure 3), 
we can conclude that less thermodynamically favorable electron ac‐
ceptors, such as SO2−

4
, iron, and manganese oxides, were not import‐

ant contributors.
In addition, the fact that the pretreatment and plus‐NO

−

3
 treat‐

ment were not significantly different from each other suggests that 
there is less selective utilization of OM in response to NO

−

3
. In the 

unamended treatment, SO2−

4
 reducers may have only had access 

to a limited supply of low‐molecular‐weight substrates (Canfield et 
al., 2005), therefore creating a more complex OM pool over time 
(Figures 1 and 4) and a significant shift in overall chemical compo‐
sition (Figure 7a). Our data suggest that, with the addition of NO

−

3
, 

microbes were accessing a wider range of compounds; thus, despite 
greater decomposition rates (Figure 2), there was less of a shift in 
the overall chemical composition of the remaining OM (Figure 7b). 
Similar results have been observed in both terrestrial and oceanic 
studies, with N addition resulting in the selection for microbes that 
responded to the N supply and that could decompose complex car‐
bon compounds more efficiently (Allison et al., 2013; Campbell, 
Polson, Hanson, Mack, & Schuur, 2010; Treseder et al., 2011). 
Another possible explanation for a more bioreactive signature in the 
plus‐NO

−

3
 treatment is a greater supply of extracellular DNA from 

greater microbial biomass (e.g., Dell’Anno & Danavaro, 2005); how‐
ever, since NH

+

4
 production rates were similar between treatments at 

the end of the experiment (Figure 5), this is likely not the case.
Rather than acting as an electron acceptor, another consequence 

of NO
−

3
 addition could be the release of the microbial community 

from nutrient limitation, which may also result in increased DIC pro‐
duction rates due to assimilation and higher growth rates. However, 
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the majority of NO
−

3
 reduction in the plus‐NO

−

3
 treatment could be 

accounted for by the sum of denitrification and DNRA (Figure 3). In 
addition, most anaerobic microbes are not nutrient limited because 
their growth‐per‐unit substrate‐intake is much lower than with aer‐
obic respiration (Canfield et al., 2005), which is why typical anoxic 
porewater nutrient concentrations are higher than those found in 
oxic sediments. Overall, our data show most of the NO

−

3
 consumed 

can be attributed to dissimilatory processes, further supporting the 
finding that NO

−

3
 is stimulating decomposition by acting as a thermo‐

dynamically favorable electron acceptor.

4.3 | NO
−

3
 addition effects on microbial 

community structure

We hypothesized that the end result of NO
−

3
 addition would be (a) 

to fundamentally alter the resident microbial community through a 
change in resources (either electron acceptors or donors) or (b) to 
alter the function of the existing community through metabolic plas‐
ticity of the microbes present (Allison & Martiny, 2008), with both 
scenarios resulting in shifts in the dominant metabolic pathways. 
Through 16S rRNA gene sequencing in conjunction with biogeo‐
chemical measurements, we found evidence for a combination of 
the two. While we observed a core microbiome that existed in both 
the plus‐NO

−

3
 and unamended treatment (Figure S3), including micro‐

bial taxa typically present in these particular salt marsh sediments 
(e.g., Kearns et al., 2016), we also found a significant shift in micro‐
bial community structure (Figure 8a) and decreases in alpha diversity 
(Figure 8b) in response to NO

−

3
. This suggests that NO

−

3
 addition se‐

lects for a subset of taxa that are more competitive in a high N en‐
vironment, representing a community fundamentally different from 
both pretreatment and unamended sediments, and that these taxa 
are largely driving increases in decomposition via denitrification.

Through random forest classification analysis, we identified 30 
ASVs most important in correctly classifying between plus‐NO

−

3
 

and unamended treatments (Figure 9; Table S3). Of these 30 
ASVs, ~70% were from the class Gammaproteobacteria, a widely 
diverse group of gram‐negative bacteria that consistently in‐
creases in abundance as a result of fertilization (e.g., Campbell et 
al., 2010; Coolon, Jones, Todd, Blair, & Herman, 2013; Leff et al., 
2015). Many of these ASVs were putatively assigned to orders 
known to reduce NO

−

3
 (Kiloniellales, Oceanospirillales; Garrity, Bell, 

& Lilburn, 2005; Wiese, Thiel, Gärtner, Schmaljohann, & Imhoff, 
2009), oxidize sulfur/sulfide (Thiotrichales, Chromatiales; Garrity et 
al., 2005; Imhoff, 2005; Thomas, Giblin, Cardon, & Sievert, 2014), 
ferment OM (Ignavibacteriales, Rhodospirillales; Biebl & Pfening, 
1981; Iino et al., 2010), and degrade high‐molecular‐weight (HMW) 
compounds (Flavobacteriales, Thiotrichales, Alteromonadales). 
Some members of these groups can also use long‐chain alkanes 
(Fernández‐Gómez et al., 2013; Guibert et al., 2016) and are stim‐
ulated in the presence of HMW‐dissolved OM (Mahmoudi et al., 
2015; McCarren et al., 2010). These shifts in the community pro‐
vide evidence for the selection of taxa more adept at using nitrate 
or oxidizing more complex OM. In contrast, ASVs more abundant in 

the unamended treatment included orders that are ubiquitous in soil 
and mangrove sediments (Verrucomicrobiae, Caldithrixales; Freitas 
et al., 2012; Miroshnichenko, Kolganova, Spring, Chernyh, & Bonch‐
Osmolovskaya, 2010), that can reduce sulfate (Desulfobacterales, 
Desulfarculales; Bahr et al., 2005), and that exhibit properties as‐
sociated with iron metabolism (Campylobacterales, Rhizobiales; 
Eppinger, Baar, Raddatz, Huson, & Schuster, 2004; Reese, Witmer, 
Moller, Morse, & Mills, 2013). While we cannot make definitive 
statements regarding the exact function associated with these taxa, 
identifying the taxa most responsive to NO

−

3
 addition is a step for‐

ward in understanding the mechanistic response of microbial com‐
munities to nutrient enrichment.

4.4 | Assumptions and limitations of FTR 
experiments

We chose a high concentration of NO
−

3
 (500 µM NO

−

3
) to assure non‐

limiting concentrations at a reasonable flow rate (Pallud et al., 2007). 
We designed this experiment specifically to assess the potential of 
NO

−

3
 to mobilize carbon pools that were not being oxidized by SO2−

4
 

reduction, rather than to simulate realistic environmental condi‐
tions. In the environment, NO

−

3
 will almost always be limiting except 

in the most eutrophic conditions or in situations of continuous re‐
placement; therefore, we cannot extrapolate the rates of decom‐
position observed in this experiment to field conditions. However, 
we can conclude from our data that adding NO

−

3
 may stimulate the 

decomposition of deeper, more chemically complex sediment OM. 
There exist scenarios where NO

−

3
 reduction may dominate forms of 

anaerobic respiration, such as freshwater wetlands or wastewater 
treatment plants, but it is much less likely to occur naturally in salt 
marshes where NO

−

3
 is limiting and there is unlimited supply of sul‐

fate from the tides. Our study suggests that, by adding NO
−

3
, NO

−

3
 

reduction does not necessarily become the dominant process, but 
instead allows for the decomposition of OM that was not being mo‐
bilized under conditions of SO2−

4
 alone.

Furthermore, the use of FTRs eliminates some of the com‐
plexity involved with plant–microbe feedbacks and competition 
for NO

−

3
 by benthic microalgae and phytoplankton. While these 

interactions are clearly important in situ, the aim of this exper‐
iment was to explicitly examine the role of NO

−

3
, in stimulating 

microbial processes. By splitting core replicates between treat‐
ments, we ensured that initial sediment conditions were identical 
between NO

−

3
 and unamended sediments; thus, while residual in‐

fluence of plants may be present in the sediments we collected, 
these signals should be similar between treatments and there‐
fore not directly influence the patterns we observed. We also 
assumed that, in our experiment, SO2−

4
 was the only electron ac‐

ceptor being supplied in our unamended treatment aside from 
the very small background concentration of NO

−

3
 (0.6–1.2 µM) in 

the seawater we used. We do not believe that this affected the 
treatment differences. Since background SO2−

4
 concentrations 

are so high in seawater (~28 mM), we were not able to detect 
small changes at the µM level that occurred in the FTRs and 
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had to instead make conservative estimates of SRR from rates 
of sulfide production and changes in sediment S concentrations. 
These changes are likely due to pyrite or FeS formation, although 
we cannot rule out the production of organic sulfur (Luther III, 
Church, Scudlark, & Cosman, 1986). Although we did not moni‐
tor the influent oxygen concentrations, we conducted the entire 
experiment in an anoxic glove chamber, so oxygen was not pres‐
ent for either oxic respiration or nitrification. Finally, since this 
experiment only lasted ~90 days, we cannot determine how large 
the NO

−

3
‐accessible OM pool is, whether NO

−

3
 reducers are solely 

responsible for the stimulation, or if they also stimulate SO2−

4
 re‐

ducers through cometabolism.

4.5 | Implications of N‐loading on salt marsh carbon 
storage capacity

Our results show that NO
−

3
 addition stimulates DIC production and 

consequently, the decomposition of OM in salt marsh sediments. 
We observed this response even in deep sediments, where we tra‐
ditionally assume OM to be fairly resistant to microbial degradation. 
We found that by adding NO

−

3
 and providing a more energetically 

favorable electron acceptor to the system, the microbial commu‐
nity shifted toward taxa better suited for a high NO

−

3
 environment 

with significant impacts on carbon cycling. OM that was stable and 
unavailable to SO2−

4
 reducers became at least partially bioavailable 

under high NO
−

3
 conditions. These results suggest that comparable 

additions of NO
−

3
 to salt marshes could also enhance OM decompo‐

sition in situ.
These results could have important implications for salt marsh 

carbon storage potential. The effect of adding NO
−

3
 that we demon‐

strate here would depend on the specific hydrology of the marsh 
system. If NO

−

3
‐rich flooding waters penetrate into deep sediments 

via burrows constructed by benthic macroinvertebrates or by en‐
tering directly through the sides of the creekbanks into deeper 
sediments, it could accelerate the decomposition of stored carbon. 
Not only could this decrease carbon storage potential, it could also 
result in decreased belowground marsh stability (e.g., Deegan et 
al., 2012) and lead to greater CO2 production. Additionally, marsh 
systems currently experiencing high NO

−

3
 conditions may store less 

OM over time, leading to less overall carbon storage; although the 
OM that is buried may be more resistant to further decomposition, 
since a larger portion will already be oxidized. What this means for 
carbon storage potential of marshes at a larger scale is unclear, since 
NO

−

3
 can also stimulate OM production by acting as a nutrient, with 

such production offsetting respiration. Total marsh carbon storage 
capacity depends heavily on the balance between these two pro‐
cesses. Lastly, by stimulating N‐cycling processes, the potential for 
nitrous oxide (N2O) production, a greenhouse gas with 263 times the 
sustained global warming potential of CO2 (Neubauer & Megonigal, 
2015), may also increase as a result of incomplete denitrification (we 
did not measure N2O fluxes in this study). Considering the degree 
of eutrophication in US estuaries (Bricker et al., 2008), and how 
NO

−

3
 addition alters processes that control OM, it is important to 

incorporate our understanding of these processes when assessing 
the resilience of salt marsh systems to changing climate and increas‐
ing anthropogenic pressures. This is especially critical if we hope to 
rely on salt marshes for long‐term carbon storage.
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